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ABSTRACT
Fecal hormone assays provide a powerful tool for noninvasive
monitoring of endocrine status in wild animals. In this study
we validated a protocol for extracting and measuring glucocorticoids in free-living and captive Belding’s ground squirrels
(Spermophilus beldingi). We first compared two commonly used
extraction protocols to determine which performed better with
commercially available antibodies. We next verified the preferred extraction method by correlating circulating and fecal
glucocorticoid measures from a group of individuals over time.
For this comparison, we used both a cortisol and a corticosterone antibody to determine which had greater affinity to the
fecal metabolites. Cortisol was the primary circulating glucocorticoid, but both hormones were present in well above detectable concentrations in the blood, which does not occur in
other sciurids. In addition, the cortisol antibody showed greater
binding with the fecal extracts than did the corticosterone antibody. Finally, we used adrenocorticotropic hormone and
dexamethasone challenges to demonstrate that changes in adrenal functioning are reflected in changing fecal corticoid levels.
These results suggest that our extraction protocol provides a
fast, reliable assay of stress hormones in free-living ground
squirrels without the confounding influence of short-term rises
in glucocorticoid concentrations caused by handling and restraint stress and that it can facilitate ecological and evolutionary studies of stress in wild species.
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Introduction
Steroid hormones from the adrenal glands regulate many facets
of an organism’s homeostasis, including responses to environmental perturbations. In addition to regulating energy storage
and circadian rhythms, adrenal glucocorticoids protect the
body during and after the stress response (here defined as the
cumulative physiological reactions triggered by unpredictable
events). Stress-induced functions of glucocorticoids include increasing available glucose, improving cardiovascular tone, and
inhibiting gastrointestinal, reproductive, and immune systems.
The associated cascade of hormones through the blood, known
as the hypothalamic-pituitary-adrenal (HPA) axis, is activated
by a wide variety of environmental and social stressors, in particular, exposure to novelty and lack of predictability or controllability of important events (for a review see Sapolsky 1992).
Behavioral ecologists are interested in how the stressors faced
by free-living animals affect their physiology and their reproductive success. Acute stress is triggered by unpredictable events
such as a predator attack, sudden severe weather, or agonistic
social interactions, whereas chronic stress stems from long-term
adverse environmental conditions such as unpredictable decreased food supply or low or high social status (Morton and
Sherman 1978; Kotrschal et al. 1998; Lima 1998; Cavigelli 1999;
Hubbs et al. 2000; Creel 2001; Goymann et al. 2001; Abbott et
al. 2003; Sands and Creel 2004), and both types of stress can
have deleterious effects on survival or reproduction. Knowledge
of stress hormones is also important from a conservation perspective in order to evaluate, for example, management strategies, population declines, relocation or reintroduction, or the
impact of habitat disturbance (Boonstra and Singleton 1993;
Graham and Brown 1996; Wasser et al. 1997; Wingfield et al.
1997; Mashburn and Atkinson 2004; von der Ohe et al. 2004).
Research on stress in free-living animals has been aided greatly
by the development of techniques to monitor glucocorticoids
noninvasively, often using fecal corticoid metabolites. Hormone
samples can be acquired with minimal or no contact with study
animals, reducing human impact on the populations and eliminating transient increases in circulating glucocorticoid levels
as a result of handling (see Whitten et al. 1998 for a review).
The tribe Marmotini of the subfamily Sciurinae, which in-
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cludes marmots, prairie dogs, and ground squirrels, has long
been the focus of behavioral ecological research (Murie and
Michener 1984), with studies on dispersal, mating strategies,
antipredator behaviors, nepotism, population dynamics, and
circannual cycles, among others. These species exhibit a wide
range of social systems and live in very diverse habitats. Because
they are also sedentary and diurnal, these animals are excellent
study species for investigations of behavioral endocrinology in
the field. However, to date there has been limited work on
sciurid endocrinology, and it has all involved blood sampling
(Boswell et al. 1994; Arnold and Dittami 1997; Boonstra and
McColl 2000; Millesi et al. 2000; Nunes et al. 2000; Boonstra
et al. 2001; Hackländer et al. 2003). Here we validate an extraction protocol for fecal glucocorticoids in Belding’s ground
squirrels (Spermophilus beldingi) that may be generalizable to
other species of ground-dwelling squirrels.
Spermophilus beldingi are diurnal social rodents that live in
alpine and subalpine habitats throughout the Sierra Nevada
and southern Cascade mountains. They are socially active
aboveground between April and August and hibernate for the
remainder of the year, with females producing just one litter
each summer. Spermophilus beldingi experience a variety of potential stressors, both acute and chronic. Their predators include coyotes (Canis latrans), badgers (Taxidea taxus), longtailed weasels (Mustela frenata), and various species of raptors
(Buteo, Accipiter, Falco). Predators evoke two types of alarm
calls from adult squirrels, each of which elicits a different rapid
physiological and behavioral response in listeners (Mateo
1996a, 1996b). Other sources of stress include attempted infanticide, agonism during mating competition, low food availability, and exposure to unfamiliar locations and conspecifics
during natal or breeding dispersal (Sherman and Morton 1984;
J. M. Mateo, personal observation). Spermophilus beldingi live
in heterogeneous habitats ranging from sagebrush to high alpine meadows, so the particular stressors they encounter depend in part on their local ecology. Our current research focuses
on geographic differences in microhabitats and predation pressures experienced by Belding’s ground squirrels and how these
differences affect their antipredator behaviors. In particular we
are examining how stress hormones mediate not only their
responses to predators but also their acquisition of antipredator
strategies. Preliminary data suggest that natural selection has
favored hormonal profiles during early development that facilitate rapid learning of locally adapted responses (J. M. Mateo,
unpublished data).
Research on adrenal functioning in ground-dwelling squirrels has included adrenal gland weights of shot animals and
measurements of blood glucocorticoid levels in live animals.
Many species secrete both cortisol and corticosterone; in
round-tailed (Spermophilus tereticaudus) and California (Spermophilus beecheyi) ground squirrels, corticosterone is reported
to be the major circulating glucocorticoid (Vanjonack et al.
1975; Petrovic and Janic-Sibalic 1976; but see Adams 1972).

For golden-mantled (Spermophilus lateralis and Spermophilus
saturatus), arctic (Spermophilus parryii), and Columbian (Spermophilus columbianus) ground squirrels, as well as yellow-pine
chipmunks (Tamias amoenus, a species of ground-dwelling
squirrel in a different genus), cortisol is the main circulating
glucocorticoid (Boswell et al. 1994; Boonstra and McColl 2000;
Hubbs et al. 2000; Kenagy and Place 2000; Place and Kenagy
2000; Boonstra et al. 2001; K. E. Holekamp, private communication). Note, however, that researchers have used a variety
of methods to quantify sciurid glucocorticoids, preventing generalization across species. Glucocorticoids have not yet been
quantified for S. beldingi, but in this species adrenal glands are
largest about 1 mo after emergence from hibernation (while
females are lactating) and decrease sharply in size during the
remainder of the active season (McKeever 1963). Sex differences
in hormone concentrations and patterns of hormonal changes
during the season vary by species (Boswell et al. 1994; Kenagy
and Place 2000; Place and Kenagy 2000; Boonstra et al. 2001).
In general, glucocorticoids are excreted in urine or feces primarily as conjugated or unconjugated metabolites of varying
polarity (Graham and Brown 1996; Monfort et al. 1998; Whitten et al. 1998; Goymann et al. 1999; Wallner et al. 1999) and
are probably hydroxysteroids in ground-dwelling squirrels
(Florant and Weitzman 1980).
As part of a long-term project on stress and predation pressure in free-living S. beldingi, we sought to verify that fecal
concentrations of glucocorticoid metabolites accurately reflect
physiological functioning of the HPA axis. We first compared
two widely used extraction protocols to determine which
method was better for quantifying S. beldingi fecal corticoids
(study 1). We next evaluated whether fecal metabolite levels
reflect unmanipulated circulating concentrations of glucocorticoids (study 2). Finally, we determined whether short-term
changes in circulating glucocorticoid concentration are reflected in fecal samples. We administered exogenous corticotrophin (adrenocorticotropin hormone [ACTH], a glucocorticoid stimulant) or dexamethasone (DEX; a glucocorticoid
agonist) and looked for associated elevations or suppressions
in fecal corticoid measures during subsequent days (study 3).
Because both cortisol and corticosterone are produced by most
mammalian species (Bentley 1976), we used commercial antibodies to measure circulating levels of both glucocorticoids
within individuals. In addition, we compared the effectiveness
of both antibodies in binding to fecal metabolites and thus in
serving as a proxy for circulating glucocorticoid concentrations.
To our knowledge, this is the first direct comparison of how
cortisol and corticosterone antibodies respond to serum and
fecal extracts from the same animal.
Material and Methods
Animals
We collected fecal and serum samples from adult Spermophilus
beldingi during the summers of 2002 and 2004 at and near the
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Sierra Nevada Aquatic Research Laboratory (SNARL; near
Mammoth Lakes, CA; administered by the University of California, Santa Barbara). For study 1, fecal samples were collected
from free-living adults at a site in Rock Creek Canyon, Mono
County, California (see Mateo 1996a for details). For studies
2 and 3, S. beldingi were collected from various populations
within 100 km of SNARL and were housed individually in a
laboratory building at SNARL in standard plastic cages
(38 cm # 33 cm # 18 cm; solid sides and bottom, wire top)
with pine shavings and paper towels for bedding material. Animals were given ≈15 g Purina mouse chow (#5015) per animal
per day and water ad lib. and were occasionally provided with
vegetables and sunflower seeds. The building was maintained
on a 13L : 11D schedule, with temperature regulated by a combination of a heater and automatic fans. These studies were
approved by Cornell University’s Center for Research Animal
Resources (4/20/00; 00-32), University of Chicago’s Institutional Animal Care and Use Committee (11/26/02; 71255), and
University of California, Santa Barbara’s Animal Resource Center (3/30/00; 4-00-532) and adhere to standards set forth by
the National Institutes of Health for animal research.
Fecal Collection
Ground squirrels typically defecate when handled, so to acquire
fecal samples, animals were held with a gloved hand over a
clean table or bucket. If animals did not immediately defecate,
they were placed in a clean trap set inside a clean plastic bucket
until they defecated. Fecal pellets were collected immediately
with clean tweezers and transferred to polypropylene microcentrifuge tubes (Cole Parmer, Vernon Hills, IL). Feces contaminated with urine (i.e., visibly wet and/or in a pool of urine)
were discarded (see Cavigelli et al. 2005). Tweezers, traps, tables,
and buckets were cleaned with Cide-All germicidal detergent
(Chemifax, Santa Fe Springs, CA). Samples were stored immediately at ⫺15⬚C and then transferred to ⫺80⬚C storage at
the end of the field season (4–6 wk later). All fecal pellets
collected from an individual during a given sampling period
were thoroughly mixed before extraction.
Serum Collection
For blood collection, an animal’s home cage was removed from
the cage rack, and the animal was grabbed by hand and lightly
anesthetized with isoflurane inhalant (10–20 s of exposure).
Blood (300–400 mL) was collected from a femoral vein, typically
within 3 min of moving an animal’s cage (range 100–270 s,
with 85% of samples collected within 200 s of initial movement). An increase in circulating glucocorticoid concentrations
in response to stress is not detectable in rodents for approximately 2–3 min (Sapolsky 1992); therefore, our blood collections likely represent baseline values. Ground squirrels were
then returned to their home cage and monitored until recovery

from anesthesia (within a few minutes). Samples were refrigerated for 1 h before being centrifuged, and serum was stored
at ⫺15⬚ C for 4–6 wk, after which it was stored at ⫺80⬚C until
assayed.
Fecal Corticoid Extraction
Methods 1 and 2. These two methods involved a variant of
the rapid extraction procedure developed by Rupert Palme
(Palme et al. 2000; R. Palme, private communication). Samples
were thawed and placed in a drying oven (95⬚C) for 4–6 h to
evaporate the water. Dried feces were crushed, and 0.2 g was
weighed into a microcentrifuge tube. Next, 1.5 mL of 80%
(method 1) or 100% (method 2) ethanol was added to each
tube, which was briefly vortexed (≈3 s) and immediately centrifuged (2,500 g, 20 min). Supernatants were reserved and
frozen (⫺80⬚C) until assayed. We included 100% ethanol in
the study to determine whether it increased recovery of metabolites over 80% ethanol (Teskey-Gerstl et al. 2000) and to
facilitate comparison with method 3.
Method 3. Fecal steroids were extracted using previously published methods (Wasser et al. 1994). Briefly:, frozen samples
were thawed, dried overnight in a centrifugal evaporator, and
crushed into a dustlike material, and then 0.2 g was weighed
into a 15-mL centrifuge tube. Next, 10 mL of 100% ethanol
was added to each sample, and tubes were boiled in a water
bath for 20 min. Upon removal from the bath, tubes were
centrifuged for 15 min, and the supernatant was poured off
into a glass tube. Then 5 mL of ethanol was added to each
tube, and tubes were vortexed for 1 min and recentrifuged for
15 min. Supernatants were combined in the appropriate tube
and evaporated under air. Dried extracts were reconstituted
with 1 mL methanol and stored at ⫺80⬚C until assayed.
Hormone Assays
We used commercially available double-antibody 125I-corticosterone and 125I-cortisol Corticote radioimmunoassay (RIA)
kits (ICN Biomedicals, Costa Mesa, CA; MP Biomedicals, Irvine, CA). For fecal samples in studies 2 and 3a analyzed with
the Corticote kit, 25 mL of steroid-free human serum (ICN
Biomedicals) was added to each sample tube to provide a medium similar in protein content to the serum standards and S.
beldingi serum samples (R. Gilmartin, private communication).
All samples were assayed in duplicate and reanalyzed if the
coefficient of variation between duplicates exceeded 20%. Two
control samples, each made by pooling fecal extracts from five
animals, were analyzed in every assay (the “low” pool, approximately 60%–70% binding, and the “high” pool, approximately 20%–30% binding). Based on repeated analyses (n p
5) of the low and high pools, intra- and interassay coefficients
of variation for the assays were 5.05% and 7.34%, respectively,
for the low pool, and 7.22% and 6.25%, respectively, for the
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high pool. Serum glucocorticoid concentrations are presented
as nanograms per milliliter. Fecal corticoid concentrations were
corrected for dilution ratios and divided by the proportion of
isotope recoveries and are expressed as nanograms per gram
of dry feces.

Study 1: Comparison of Extraction Protocols
To evaluate two commonly used extraction methods, we first
compared the three protocols described above (methods 1–3).
We assessed each method for parallelism, accuracy, and recovery
efficiency. Donors were free-living animals collected from one
site (n p 4 males and 1 female); the males had regressed testes,
and the female was lactating. Feces were collected during morning observations, typically between 0800 and 1100 hours. These
five individuals each produced enough feces for three extractions, one with each method. From each extraction method we
created a pooled sample. Thus, each individual’s feces were
extracted with each of the three methods, and pooled samples
from five individuals for each method were then created.
Parallelism. To determine the parallelism of fecal extracts,
the pooled samples were serially diluted with the steroid diluent
provided with the corticosterone RIA kit (1 : 2 to 1 : 1,024 for
corticosterone antibody) or with the zero standard provided
with the cortisol RIA kit (4 : 1 to 1 : 1,024 for cortisol antibody)
to compare the slope of the antibody binding to that of the
standards supplied with the RIA kits. ANCOVA was used to
test whether sample slopes were parallel to the standard slopes.
Methods 1–3 were assessed with the corticosterone antibody;
method 1 was assessed with the cortisol antibody after we determined it was the preferred extraction method (see “Results”).
Accuracy. To determine whether the extract medium interfered with antibody binding, recovery of a known concentration
of glucocorticoids was calculated in the presence of fecal extract
containing endogenous hormone. Twenty-five microliters of
the corticosterone or cortisol standard provided with the RIA
kits (0–0.125 ng and 0–15 mg, respectively) was added to separate tubes, each containing 25 mL of the pooled extract. Extracts were diluted 1 : 200 with the steroid diluent provided
with the corticosterone kit for the corticosterone antibody and
left undiluted for the cortisol antibody. Methods 1–3 were assessed with the corticosterone antibody and methods 1 and 2
with the cortisol antibody.
Recovery efficiency. To determine if extraction methods 1 and
3 had similar procedural recovery, we spiked dry fecal samples
(0.2 g) with a known amount of 125I-corticosterone or 125Icortisol. Fecal samples from 12 free-living adult S. beldingi were
used for each method and for each steroid antibody.

Study 2: Relationship between Basal Concentrations of Serum
and Fecal Glucocorticoids
The results of study 1 indicated that the steroid extraction
procedures and antibodies available with the commercial RIA
kits for cortisol and corticosterone provide a means for measuring glucocorticoid-metabolite levels in feces of Belding’s
ground squirrels. Our next goal was to determine whether these
fecal measures accurately reflect circulating glucocorticoid concentrations (as they do in some birds, carnivores, ungulates,
and primates; Graham and Brown 1996; Palme and Mostl 1997;
Wasser et al. 1997; Boinski et al. 1999; Cavigelli 1999). This
step was important to confirm that our extraction methods
detected fecal metabolites functionally related to circulating glucocorticoids. If an animal secretes significant quantities of both
cortisol and corticosterone, one may be predominant in the
blood while the other is more readily metabolized and/or excreted in feces. Such results may be a consequence of the range
of metabolite binding to each RIA-kit antibody or may reflect
the fact that one of the two hormones is preferentially excreted
in feces or urine in a given study species. To identify the better
commercial RIA antibody for binding to glucocorticoid metabolites in ground-squirrel feces, we used both cortisol and
corticosterone antibodies. This study also allowed us to determine the primary circulating glucocorticoid secreted by ground
squirrels (see also Boonstra et al. 2001 for a discussion of measurement techniques and predominant glucocorticoids in
ground-dwelling squirrels).
Blood and feces were collected four times from each of 16
temporarily captive adult S. beldingi (n p 11 males and 5 females). The samples were collected during the postreproductive
season (after mating, gestation, and lactation) to minimize the
effects of sex differences and seasonal variation on HPA functioning (McKeever 1963; Boswell et al. 1994; Hubbs et al. 2000;
Kenagy and Place 2000; Boonstra et al. 2001). Males had regressed testes, and females were not lactating (i.e., had no swollen or extended nipples).
Animals were trapped from four populations and housed at
SNARL in the laboratory building for at least 10 d before the
study began. Rates of alarm calling and retreat into nest boxes
in response to humans decline quickly during the first 10 d,
and the behaviors of animals do not change significantly after
this time (J. M. Mateo and S. A. Cavigelli, personal observation). Furthermore, in other species, glucocorticoid concentrations increase after animals are placed in captive housing or
transferred to a different housing environment, but the levels
return to baseline within 10 d (Hansen and Damgaard 1993;
Manzo et al. 1994; Hennessy et al. 1997). Based on these observations we expected that the stress induced by captivity
would be attenuated before the study started, with little change
thereafter.
Serum glucocorticoids are secreted in a circadian fashion,
with highest levels at the beginning of the active period and
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declining over the course of the day. Because individual variation in glucocorticoid levels is most pronounced during the
nadir (Whitten et al. 1998), all blood samples were collected
between 1700 and 1900 hours. Freshly excreted feces were also
collected at that time of day, 24 h before blood collection. We
collected feces before blood to avoid potential spikes in fecal
corticoid levels resulting from handling, restraint, and venipuncture. Although fecal and blood samples within a given
sampling period represent different time points of circulating
corticoids, corticoid levels within each sample type remained
fairly constant across the study period (see “Results”). This
allowed us to average the values of each sample type for each
individual and then examine the data for correlations between
serum and fecal corticoid levels. Thus, during a 17-d period,
animals were sampled once every 5 d, for a total of four fecal
and four blood samples for each animal. We sampled animals
four times rather than just once to obtain a better representation of the variation in fecal and serum levels.
Glucocorticoid metabolites were extracted from feces using
method 1 with 80% ethanol. Fecal extracts were diluted 1 : 5
with the kit’s steroid diluent and serum samples diluted 1 : 10
before assaying with the corticosterone antibody, and all samples within a sample type were assayed together in random
order. A subset of serum and fecal samples (n p 7 males and
4 females that had sufficient serum remaining) was analyzed
with the cortisol RIA kit. To determine which concentration
approximated 50% binding with the Corticote kit, we conducted a pilot study with serial dilutions (1 : 2 to 1 : 1,024 using
the steroid diluent provided with the corticosterone kit) with
a serum sample pooled from five captive individuals and a fecal
sample pooled from the same five individuals. Concentrations
were barely detectable at 1 : 2 dilution (equal amounts extracted
sample and diluent), so both sample types were subsequently
assayed without dilution (but with steroid-free serum in fecal
samples to control for protein differences).
The fecal and serum glucocorticoid values for each individual
were averaged and then analyzed with Pearson correlations
(data did not depart significantly from normality) followed by
simple linear regression to test the significance of the slope of
the line (t-statistic). Because of sex differences in metabolism
of glucocorticoids in some rodents (Eriksson and Gustafsson
1970; Touma et al. 2003; Cavigelli et al. 2005), we examined
the relationship between serum and fecal corticoids separately
by sex with ANOVA. We also used ANOVA to examine possible
differences in corticoid levels as a function of population of
origin. Changes in both serum and fecal concentrations over
time were analyzed with repeated-measures ANOVA.
Study 3: Sensitivity of Fecal Hormone Assay to ACTH and
DEX Challenges
The final validation procedure involved monitoring fecal corticoid levels following exogenous administration of ACTH,

DEX, and saline (as a control). Although the results of study
2 revealed a correlation between basal concentrations of serum
corticoids and fecal metabolites, it was necessary to demonstrate a temporal correlation between changes in adrenal activity
and changes in glucocorticoid-metabolite levels in feces. In large
mammals, an increase in fecal metabolite levels can be detected
approximately 24–48 h after an ACTH challenge (Graham and
Brown 1996; Monfort et al. 1998; Goymann et al. 1999; Wasser
et al. 2000; Brown et al. 2001; Millspaugh et al. 2002; Wielebnowski et al. 2002; Mashburn and Atkinson 2004; Young et al.
2004). In smaller mammals (!150 g), fecal glucocorticoidmetabolite levels typically increase within 24 h of stimulation
of the adrenal glands or injection of labeled glucocorticoids
(e.g., 6–12 h in house mice, deer mice, and red-backed voles
[Harper and Austad 2000]; 8–24 h in common marmosets
[Bahr et al. 2000]; 20–44 h in black-footed ferrets [Young et
al. 2001]; 30 h in chinchillas [Ponzio et al. 2004]).
We conducted two replicates of this study, which we call
studies 3a and 3b. Animals from study 2 were used in study
3a (ACTH: n p 3 males and 2 females; DEX: n p 3 males and
2 females; saline: n p 4 males and 1 female). Individually
housed animals had been in captivity for ≈30 d before sampling,
which began 2 d after cages were cleaned. Cages were opened
in the morning for feeding, but otherwise the animals were left
undisturbed except for fecal collection. Feces were collected
daily between 1600 and 1800 hours, starting 48 h before injection and continuing for 96 h after injection. Day of injection
is referred to as day 0, with fecal collection beginning on day
2 and continuing to day 4.
On day 0 of fecal collection, each ground squirrel was given
an injection of either (1) 4 IU/kg of a synthetic ACTH preparation intramuscularly (ACTH group; Cortrosyn suspended
in gelatin; Wedgewood Pharmacy, Sewell, NJ), (2) 1.25 mg/kg
dexamethasone subcutaneously (DEX group; Wedgewood
Pharmacy; doses following Boonstra and McColl 2000 and
Bamberg et al. 2001), or (3) 0.1 mL 0.90% NaCl subcutaneously
(saline group). Treatments occurred between 1600 and 1700
hours in order to control for time-of-day effects on metabolism
of ACTH and DEX (see also Touma et al. 2003). Although
neither ACTH nor DEX had saline as a vehicle, the saline group
served as a control for the handling and injection stress of
treatment. For use with the corticosterone kits, fecal samples
were diluted 1 : 5 with RIA diluent; for use with the cortisol
kits, they were left undiluted. In study 3a, for each hormone,
samples were analyzed over two assays, with all seven samples
for each individual run in random order within an assay.
Study 3b was conducted with higher dosages, a larger sample
size, and a more frequent sampling schedule. Animals in this
study were nonreproductive adults derived from four populations (ACTH: n p 6 males and 3 females; DEX: n p 8 males
and 2 females; saline: n p 4 males and 1 female). For this
replicate, all preparations were given subcutaneously (ACTH:
200 mg/kg; DEX: 2 mg/kg; saline: 0.1 mL 0.90% NaCl). Eight
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Results
Study 1: Comparison of Extraction Methods
Corticosterone antibody. Fecal samples with antibody binding
on the nonlinear portion of the standard curve (!20% or 180%
binding) were excluded. Serial dilutions yielded displacement
curves parallel to standard corticosterone (F3, 11 p 0.926, P 1
0.40; Fig. 1a). When corticosterone was added to the pooled
fecal samples, the majority of corticosterone was recovered

Figure 1. a, Parallelism of fecal corticoid-metabolite levels using three
extraction protocols and a commercial corticosterone antibody. Standards (circles): y p ⫺0.7938x ⫹ 3.9015, r 2 p 0.9956; method 1
(triangles): y p ⫺0.7327x ⫹ 3.4872, r 2 p 0.9932; method 2 (diamonds): y p ⫺0.7464x ⫹ 3.6413, r 2 p 0.9905; method 3 (squares):
y p ⫺0.7471x ⫹ 3.6343, r 2 p 0.999. b, Parallelism of fecal corticoidmetabolite levels using a commercial cortisol antibody. Standards
(circles): y p ⫺0.6665x ⫹ 0.4264, r 2 p 0.9883; method 1 (triangles):
y p ⫺0.6367x ⫹ 0.3701, r 2 p 0.9966.

fecal samples from each individual were collected over 78 h,
typically once every 12 h at 0700 and 1900 hours, starting with
hour 0, when injections were administered. Extracts were measured only with the cortisol antibody, and because no direct
comparison was made with serum samples or with a corticosterone antibody, steroid-free serum was not added to the fecal
samples. All samples were analyzed over two assays, with all
eight samples for each individual run in random order within
an assay.
For both replicates, animals were assigned to groups using
a random number generator, with sexes assigned separately to
ensure nearly equal distribution across the groups. Fecal glucocorticoid measures were analyzed with a repeated-measures
ANOVA separately for each treatment (data did not depart
significantly from normality). Animals were not weighed, except on injection day 0, in order to minimize handling time
and potential resulting stress responses.

Figure 2. Accuracy of extraction procedures as assessed through quantitative recovery of exogenous corticoids from fecal extracts. a, Slopes
of pooled samples extracted with three different protocols and spiked
with standards provided with the corticosterone RIA kit. Method 1
(triangles): y p 0.9931x ⫹ 0.4752, r 2 p 0.9979; method 2 (circles):
y p 1.0002x ⫹ 0.3133, r 2 p 0.993; method 3 (squares): y p
1.1118x ⫹ 0.0028, r 2 p 0.9993. b, Slopes of pooled samples extracted
with two different protocols and spiked with standards provided with
the cortisol RIA kit. Method 1 (triangles): y p 1.0886x ⫺ 0.0012,
r 2 p 0.9954; method 3 (squares): y p 1.0556x ⫹ 0.0006, r 2 p
0.9991.
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(one-sample t-test on the slopes; t 2 p 0.911, P 1 0.50; Fig. 2a).
Method 1 (n p 12) recovered an average of 90.92% Ⳳ 1.62%
of added corticosterone. Method 3 recovered 91.99% Ⳳ
0.90% of added corticosterone (t 11 p ⫺0.747, P 1 0.10).
Based on these results as well as several replicates of the
parallelism and accuracy assays, we decided to use method 1
with 80% ethanol for the remaining extractions. Methods 1
and 2 are significantly less time-consuming than method 3
(approximately 25 min per sample vs. 15 h), and the extraction
protocols produce extracts that perform equally well with the
commercial corticosterone RIA kit. We found little difference
between the results of methods 1 and 2, which suggested that
the higher concentration of ethanol did not affect extraction
efficiency. Following previously published extraction protocols
(see “Methods 1 and 2” above), we therefore used 80% ethanol
for the cortisol antibody in study 1 and for all extractions in
studies 2 and 3.
Cortisol antibody. After determining that cortisol is the main
circulating glucocorticoid (see study 2), we examined how well
a commercial cortisol antibody performed with the fecal extracts. A serial dilution with the pooled extracts using method
1 yielded a displacement curve parallel to the cortisol standards
(F1, 9 p 0.652, P 1 0.40; Fig. 1b). When cortisol was added to
the pooled fecal extracts using methods 1 and 3, the majority
of it was recovered both times (Fig. 2b). As indicators of recovery efficiency, method 1 (n p 12) recovered an average of
89.2% Ⳳ 1.50% of added cortisol, and method 3 recovered
83.90% Ⳳ 1.50% (t 11 p ⫺2.666, P ! 0.03).
Study 2: Relationship between Basal Concentrations of Serum
and Fecal Glucocorticoids
Corticosterone antibody. There was no significant positive
correlation between serum corticosterone concentrations and
the handling time required to draw blood from animals, which
indicated that concentrations did not increase significantly between first movement of an animal’s cage and completion of
blood collection (range 100–270 s; r p ⫺0.069, P 1 0.60,
n p 48) and therefore likely reflect baseline values. Fecal
corticoid-metabolite levels correlated significantly with serum
corticosterone levels: r p 0.552, P ! 0.03, n p 16 (regression
t p 2.48, P ! 0.01; Fig. 3a). There were no significant sex or
population differences in either serum or fecal corticoidmetabolite concentrations. For each of the four samples per
individual (blood and fecal collections every 5 d), serum and
fecal corticoid concentrations generally correlated (sample 1:
r p 0.390, P ! 0.20, n p 13; sample 2: r p 0.634, P ! 0.05,
n p 10; sample 3: r p 0.615, P ! 0.04, n p 12; sample 4: r p
0.559, P ! 0.05, n p 13). Individuals’ fecal metabolite concentrations did not change significantly across the study (repeatedmeasures ANOVA: F3, 39 p 1.236, P 1 0.30, n p 14), and neither
did serum corticosterone concentrations (F3, 33 p 0.375, P 1
0.70, n p 12).

Figure 3. Correlation between serum and fecal corticoid values in
captive Spermophilus beldingi, (a) measured with corticosterone antibody (n p 48 samples from 16 animals; y p 0.3458x ⫹ 7.2055) and
(b) measured with cortisol antibody (n p 24 samples from 11 animals;
y p 2.0055x ⫹ 92.088).

Cortisol antibody. There was no significant positive correlation between serum corticosterone concentrations and the handling time required to draw blood from animals, which indicated that concentrations did not increase significantly between
first movement of an animal’s cage and completion of blood
collection (range 100–270 s; r p ⫺0.199, P 1 0.40, n p 24) and
therefore likely reflect baseline levels. Fecal corticoid concentrations correlated significantly with serum cortisol concentrations: r p 0.668, P ! 0.03, n p 11 (regression t p 2.70, P !
0.05; Fig. 3b). There were no significant sex or population
differences in either serum or fecal corticoid-metabolite concentrations. There were insufficient samples within each of the
four sampling periods to examine changes in cortisol levels
over time.
In Spermophilus beldingi, cortisol appears to be the predominant circulating glucocorticoid. In addition, the commercial
cortisol antibody showed greater binding of metabolites in the
fecal extracts than did the corticosterone antibody (paired ttests; serum: t 10 p 3.284, P ! 0.01; feces: t 10 p 6.35, P !
0.0001; Fig. 4).
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Figure 4. Mean (⫹SEM) serum (a) and fecal (b) corticoid concentrations in captive Spermophilus beldingi, measured with cortisol (open bars)
and corticosterone (filled bars) antibodies. Lines over bars represent significant differences. Double asterisks indicate P ! 0.01.

Study 3: Sensitivity of Fecal Hormone Assay to ACTH and
DEX Challenges
Study 3a: Corticosterone antibody. Analyses of fecal metabolites were restricted to the 48-h period starting just before
injection (labeled days 0–2). There was a nearly significant
increase in corticoid-metabolite levels as a result of ACTH treatment: F2, 8 p 3.192, P p 0.09. One animal maintained high
concentrations throughout the collection period (13 SEM from
the ACTH mean on all days; see Fig. 5a), and if that individual
is omitted from the analysis, ACTH treatment resulted in a
significant increase in corticosterone-metabolite levels from day
0 to day 1 and a decrease from day 2 to day 3 (overall
F2, 6 p 5.824, P ! 0.04; Fig. 6a; post hoc two-tailed general linear
contrasts, CMATRIX command in Systat, both P ! 0.05). Similarly, DEX treatment tended to suppress corticoid excretion
(F2, 8 p 3.402, P p 0.08). One animal had very high concentrations of corticosterone on day 0 for reasons that are unknown (it may have escaped briefly during fecal collection on
the preceding day), with a value almost 4 SEM higher than the
DEX mean on day 0 and values 2–3 SEM from the mean on
all other days except days 3 and 4 (Fig. 5b). If that individual
is eliminated from the analysis as an outlier, DEX led to a
significant reduction in fecal corticosterone-metabolite levels
(F2, 6 p 53.564, P ! 0.0001; Fig. 6a). Corticoid concentrations
declined from day 0 to day 1 (P ! 0.0001) and increased moderately from day 1 to day 2 (P p 0.068). Saline treatment did
not significantly influence concentrations of corticoids
(F2, 8 p 0.045, P 1 0.90; Figs. 5c, 6a). There were no significant
effects of sex, population, or treatment assignment on fecal
corticoid concentrations on day 0. Similar results were obtained
when days ⫺2 to 0 were averaged as a baseline and compared
to days 1 and 2.
Study 3a: Cortisol antibody. In general, results were similar
to those of the corticosterone assay. Overall there was no significant increase in fecal corticoid concentrations as a result of

ACTH treatment: F2, 8 p 0.170, P 1 0.80. As was evident for the
corticosterone assay, one animal maintained high concentrations throughout the collection period (13 SEM away from the
ACTH group mean on all days except day 3; Fig. 7a), and with
this individual omitted from the analysis there was a nearly
significant increase in fecal corticoid concentrations following
ACTH administration (F2, 6 p 4.537, P ! 0.065; Fig. 5b), with a
moderate increase from day 0 to day 1. Similarly, DEX treatment led to lowered fecal corticoid concentrations after injection: F2, 8 p 3.592, P ! 0.08 (Fig. 6b). If the animal with unusually high concentrations on day 0 is eliminated from the
analysis as an outlier (13 SEM away from the ACTH group
mean on all days; Fig. 7b), then DEX did have a significant
influence on fecal corticoid concentrations (F2, 6 p 9.793, P !
0.05). Fecal corticoid concentrations declined from day 0 to
day 1 and increased moderately from day 1 to day 2 (both
P ! 0.05; Fig. 6b). Treatment with saline had no significant influence on concentrations of fecal corticoids (F2, 4 p 1.099,
P 1 0.40; Figs. 7c, 5b; only three animals had sufficient fecal
samples remaining for all 3 d of analysis). Again, there were
no significant effects of sex, population, or treatment assignment on fecal corticoid concentrations on day 0. Similar results
were obtained when days ⫺2 to 0 were averaged as a baseline
and compared to days 1 and 2.
Study 3b: Cortisol antibody. Fecal corticoid concentrations
changed significantly over the sampling period as a result of
ACTH administration (F7, 56 p 2.687, P ! 0.02; Fig. 8a). In particular, concentrations increased between hours 18 and 30 after
injection and decreased between hours 30 and 66 (two-tailed
general linear contrasts, CMATRIX command in Systat, both
P ! 0.05). DEX treatment significantly decreased concentrations
of fecal corticoids (F7, 63 p 3.841, P ! 0.01; Fig. 8b), with values
attenuating significantly from hours 6 to 18 and 30 to 42 and
increasing from hours 66 to 78 (all P ! 0.05). Animals injected
with saline showed no significant changes in fecal corticoid
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Figure 5. Fecal corticoid concentrations measured with corticosterone antibody of individual captive Spermophilus beldingi before and after
injection with ACTH (a), DEX (b), or saline (c). Day 0 is the day of injection. Keys indicate the individual’s sex followed by its site of origin
(LCG p Lundy Campground; LL p Lundy Lake; LVC p Lee Vining Campground; MCP p Mono County Park).

concentrations (F7, 28 p 0.942, P 1 0.40; Fig. 8c). There were no
significant effects of sex, population, or treatment assignment
on fecal corticoid concentrations at hour 0.
Discussion
The three studies described here present a physiological validation of methods for noninvasively assessing adrenal activity.
Together they indicate that extraction of fecal glucocorticoid
metabolites provides a measure that reflects circulating adrenal
hormone levels in free-living Belding’s ground squirrels. We
tested several methods for extracting steroid metabolites from

feces and found that methods 1, 2, and 3 performed equally
well when using the RIA corticosterone and cortisol antibodies,
based on tests of parallelism, accuracy, and recovery (Figs. 1,
2). Given these results, and because method 1 is significantly
quicker than method 3 (!0.5 h vs. 15 h), we chose to use
method 1 for all subsequent extractions in this and other
studies.
Excreted hormones represent cumulative hours of variation
in circulating concentrations of hormones, so fecal concentrations may not always accurately reflect serum concentrations
over time. Yet for both cortisol and corticosterone antibodies,
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Figure 6. Mean (⫹SEM) fecal corticoid concentrations in captive Spermophilus beldingi treated with ACTH, DEX, or saline, (a) measured with
corticosterone antibody and (b) measured with cortisol antibody. Day 0 is the day of injection. One outlier from the ACTH group and one
from the DEX group were excluded from these figures (see text). Lines over columns indicate significant differences. Asterisks and double
asterisks indicate P ! 0.05 and P ! 0.01, respectively.

we found that fecal metabolite concentrations correlated positively with serum concentrations (Fig. 3). We did not measure
the concentrations of corticosteroid- or cortisol-binding globulins, so we do not know what percentage of the circulating
glucocorticoids was free as opposed to bound (Boonstra and
McColl 2000), which is information that would assist in evaluating the physiological effects of the two hormones. For serum,
binding to the cortisol antibody was higher than binding to
the corticosterone antibody (Fig. 4a). For feces, it was also
important to determine which antibody binds better to excreted
metabolites. In Spermophilus beldingi, the cortisol antibody
showed greater affinity for the fecal glucocorticoid metabolites
than did the corticosterone antibody (Fig. 4b). Indeed, there
was a stronger correlation between serum and fecal cortisol
measures than between corticosterone measures, which suggests
that there are more cortisol metabolites in S. beldingi feces than
there are corticosterone metabolites (although such a conclusion would have to be verified with high-performance liquid

chromatography [HPLC] studies). Once it is determined that
fecal hormone levels reliably reflect serum hormone levels (Graham and Brown 1996; Palme and Mostl 1997; Whitten et al.
1998; Boinski et al. 1999; Cavigelli 1999; this study), then noninvasive fecal monitoring can be used to compare basal levels
across populations (which may differ in predation pressure,
social stability, or food availability) or between environments
(e.g., free-living vs. captive animals, breeding vs. overwintering
sites).
Fecal hormone assays have revealed stress- or ACTH-induced
changes in glucocorticoid levels in a variety of mammalian
species (Graham and Brown 1996; Monfort et al. 1998; Goymann et al. 1999; Wallner et al. 1999; Millspaugh et al. 2002;
Young et al. 2004; see also references in Whitten et al. 1998).
We conducted two such “challenge” studies with S. beldingi to
verify that changes in adrenal functioning are reflected temporally in fecal corticoid concentrations. In the first study, most,
but not all, individuals showed an increase in fecal glucocor-
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Figure 7. Fecal corticoid concentrations of individual captive Spermophilus beldingi measured with cortisol antibody before and after injection
with ACTH (a), DEX (b), or saline (c). Day 0 is the day of injection. Keys indicate the individual’s sex followed by its site of origin
(LCG p Lundy Campground; LL p Lundy Lake; LVC p Lee Vining Campground; MCP p Mono County Park).

ticoid concentrations following an ACTH challenge and a decrease following a DEX challenge, both evident within 24 h of
treatment (Figs. 5, 7). In ACTH and DEX studies with hyenas,
common marmosets, and ferrets, some nonresponsive individuals were also observed (Goymann et al. 1999; Saltzman et al.
2000; Young et al. 2001). A nonresponsive profile may reflect
a history of chronic stress (e.g., competition for territories,
unpredictable weather, or low food availability) or an alteration
of glucocorticoid receptors. In this study, animals receiving
saline did not show a transient rise in fecal corticoid levels as
a result of injection, which suggests that the effects of ACTH
and DEX were not simply the result of handling and injection

stress. Fecal corticoid concentrations in study 3a were higher
among the saline group than the ACTH or DEX groups, but
the reason for this is unclear, since animals were assigned to
groups randomly. Regardless, there was no significant difference
in fecal corticoid concentrations on day 0 (the day of treatment)
across the three groups, in part because of the high individual
variation among the saline-group animals (Figs. 5c, 7c).
Because not all individuals responded to either ACTH or
DEX treatment in the first challenge study, we repeated the
study with higher dosages, more subjects, and more frequent
sampling. In this replicate, individuals showed a clear change
in fecal metabolite concentrations 30–66 h after injection with

Figure 8. Mean (⫹SEM) fecal corticoid concentrations measured with cortisol antibody in captive Spermophilus beldingi treated with ACTH
(a), DEX (b), or saline (c). Hour 0 is the time of injection, with sampling continuing every 6 or 12 h. Brackets over columns indicate significant
differences between the two end columns. Asterisks indicate P ! 0.05.

Technical Comment 1081
ACTH or 18–78 h after DEX administration (Fig. 8). Although
the magnitude of S. beldingi responses to drug treatment was
lower than that reported in other studies (Graham and Brown
1996; Monfort et al. 1998; Goymann et al. 1999; Wielebnowski
et al. 2002; Mashburn and Atkinson 2004; Ponzio et al. 2004;
Young et al. 2004), this may be simply a result of the particular
dosages used. Here, ACTH increased fecal metabolite concentrations 0.5–2.5 times, and DEX reduced metabolite concentrations 0.25–0.5 times relative to baseline values, revealing
modest but significant physiological responses to the treatments. These responses are similar to the moderate effects of
ACTH reported for some ferrets, rhinoceroses, and chinchillas
(Brown et al. 2001; Young et al. 2001; Ponzio et al. 2004). As
additional studies utilize exogenous glucocorticoid stimulants
or suppressors, patterns of differential response as a function
of species, population, sex, or individual will become more clear
(Hubbs et al. 2000; Teskey-Gerstl et al. 2000; Brown et al. 2001;
Goymann et al. 2001; Hik et al. 2001; Young et al. 2001).
Our results indicate that S. beldingi produce both cortisol
and corticosterone in detectable concentrations in serum and
that commercial RIA kits detect products in feces that reflect
these circulating cortisol and corticosterone concentrations.
Spermophilus beldingi differ somewhat from other sciurids that
have only one glucocorticoid in detectable concentrations in
blood (Adams 1972; Boswell et al. 1994; Kenagy and Place 2000;
Place and Kenagy 2000; Boonstra et al. 2001). Mammals produce both cortisol and corticosterone, with the former being
the predominant circulating corticoid. Rats, mice, and some
rabbits are an exception to this rule, since they lack the enzyme
(17-hydroxylase) necessary to convert progesterone to cortisol
(Bentley 1976). Despite the recent upsurge in studies of glucocorticoids in a wide range of taxonomic groups, few investigators have conducted formal comparisons of cortisol and
corticosterone concentrations within a species, and to our
knowledge this is the first study to examine the two glucocorticoids in both serum and feces.
Based on our results, one could measure either cortisol or
corticosterone in S. beldingi (e.g., plasma corticosterone used
by Nunes et al. 2002), but since the cortisol antibody showed
greater binding of both serum cortisol and fecal corticoids, its
use may yield greater resolution than use of the corticosterone
antibody. That is, the cortisol antibody may be more likely to
reveal increases or decreases in glucocorticoid concentrations
resulting from social status, reproductive condition, or predation pressure, for example, or to reveal differences among
experimental groups or among multiple free-living populations.
From a methodological perspective, there are several issues one
could examine to further understand the physiological functioning of ground-squirrel glucocorticoids, including quantification of free hormones and corticosteroid- and cortisol-binding
globulin (Boonstra et al. 2001), the effects of storage and drying
methods on fecal steroid measures (Khan et al. 2002; Terio et
al. 2002; Beehner and Whitten 2004), preferred antibody choice

(Goymann et al. 1999; Wasser et al. 2000), the effect of anesthesia on fecal concentrations (Mashburn and Atkinson 2004;
Young et al. 2004), and use of HPLC and gas chromatography–
mass spectrometry to identify specific fecal metabolites detected
by radio- and enzymeimmunoassay techniques (Wasser et al.
2000; Bamberg et al. 2001; Touma et al. 2003; Mashburn and
Atkinson 2004; Young et al. 2004; Cavigelli et al. 2005). Finally,
the applicability of this extraction protocol to other steroid
hormones, such as testosterone or estradiol, could be determined using the approach outlined here.
Measurement of stress hormones can be inherently difficult
if the assessment procedure itself stresses an animal. Fecal quantification of adrenal hormones is a powerful alternative for
noninvasive monitoring of free-living animals’ responses to environmental and social stressors. Short of catheterization in
captivity, which can also be stressful, it is the only way to
measure glucocorticoid levels without the confounding influence of increased stress caused by handling and restraint during
blood collection. Our current studies use the methods validated
here to examine developmental and geographic differences in
free-living S. beldingi cortisol concentrations, in particular focusing on the role of stress in the learning of antipredator
behaviors (McEwen and Sapolsky 1995; Mateo 1996a). Fecal
corticoid assays will be especially useful when knowledge of
physiological responses to stressors facilitates prediction or interpretation of behavioral responses to stressors, such as when
testing hypotheses about population dynamics, predator-prey
relationships, trade-offs between reproduction and survival,
circannual rhythms of torpor and arousal, and conservation
strategies. We encourage field researchers to consider adoption
of this increasingly tractable approach to behavioral
endocrinology.
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